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ABBREVIATIONS
BHI — brain heart infusion broth
CFU — colony—forming units
CLSM - confocal laser scanning microscopy
COC — cyclo—olefin copolymer
Escherichia coli — E. coli
IPA — isopropanol
OSTE — off-stoichiometry thiol-ene
PBS — phosphate—buffered saline
PDMS — polydimethylsiloxane
PMBF — polymicrobial biofilm
Pseudomonas aeruginosa — P. aeruginosa
Staphylococcus aureus — S. aureus

WSS — wall shear stress



INTRODUCTION

Bacterial biofilms can cause a broad spectrum of serious infections and are associated with
chronic, non—healing infections (Fleming & Rumbaugh, 2017). According to the National Institutes
of Health (NIH), approximately 65% and 80% of microbial and chronic infections are associated with
biofilm formation (Jamal et al., 2018). Additionally, increasing numbers of antibiotic—resistant
bacteria make the investigation of biofilm formation and ways to inhibit it increasingly urgent. To
better understand how biofilms can be treated, various in vitro study models have been created. These
study methods are divided into two main groups: static and dynamic (Alcacer—Almansa et al., 2023).
Static methods are widely used in microbiology labs due to their low costs and easy—to—use approach.
However, these methods have several disadvantages, such as inability to mimic the natural
environment, lack of consistent flow and nutrients, and build—up of metabolic waste, which can
inhibit biofilm formation and growth (Cleaver & Garnett, 2023). In contrast, dynamic methods, these
issues are recognised, with microfluidic chips being one of the newly emerged solutions.

A microfluidic chip is a platform in which flow is controlled at a micrometric scale (Son et al.,
2015). Microfluidic chips are recognised as a promising platform for studying bacterial biofilms,
because they provide a closed system in which the flow and environment are controlled and can be
manipulated according to the experimental requirements. Apart from that, materials used in the
microfluidic chip fabrication are often transparent, allowing for the analysis of the grown biofilms by
using high—throughput analysis systems such as confocal scanning microscopy (Kim et al., 2012).
Microchips require less materials and minimize the risk of human errors compared to traditional
bacterial biofilm cultivation methods. Also, their compact design simplifies the disinfection process,
making it a preferable platform for studying microbial biofilms in clinical settings.

Aim — To develop a microfluidic chip for microbial biofilm investigation.
Research tasks:

1. To fabricate a microfluidic chip for biofilm cultivation and investigation.

2. To compare static (well plates) versus dynamic (microfluidic system) biofilm cultivation

methods.

3. To assess the reliability of the fabricated microfluidic chip to analyse antimicrobial

treatment efficacy to grown microbial biofilms.

4. To grow and analyze polymicrobial biofilm formation in the microfluidic system.



1. LITERATURE REVIEW

1.1. Biofilms and their importance in the medical field

Biofilms are a cluster of microorganisms that produce the extracellular polymeric substance
(EPS) in which they are encapsulated (Schulze et al., 2021). According to The National Institutes of
Health (NIH), approximately 65% and 80% of microbial and chronic infections are affiliated with
biofilm formation (Jamal et al., 2018). Bacterial biofilms can cause a broad spectrum of serious
infections and are associated with chronic, non—healing infections (Fleming & Rumbaugh, 2017).
Additionally, increasing numbers of antibiotic resistance bacteria make the investigation of biofilm
formation and ways how to inhibit it increasingly urgent. The biofilm formation has five main phases:
attachment to the surface, irreversible attachment, maturation I (microcolony formation), maturation
II, and the last one—dispersion (Figure 1.1.) (Chandki et al., 2011). The first phase of biofilm
formation starts with free—floating bacteria after encounter with any biotic or abiotic surface. The
initial, reversible attachment begins with the help of physical forces or bacteria's flagella and or pili
(Mari¢ & Vranes, 2007). The level of bacteria’s attachment to the surface depends on temperature,
surface material composition, pressure, and even bacteria’s surface properties (Zheng et al., 2021).
The physical forces such as van der Waals forces, electrostatic and steric interactions also play an
essential role in bacterial adhesion (Gupta et al., 2016). In the second phase of biofilm formation,
some of the bacteria attached to the surface become irreversibly adhered. These microorganisms form
an extracellular polymeric matrix and multiply, forming cell—cell adhesion (Sharma et al., 2023). The
third, or maturation I stage, is when microcolony formation and Quorum Sensing production
intensifies. Using Quorum Sensing, bacteria communicate with each other by chemical signals. They
regulate their cellular functions according to the environment and nutrient availability. During this
process, they exchange genetic material, which helps to sync the synthesis of different metabolites
(Preda & Sandulescu, 2019). The next biofilm formation stage is maturation II, during which the
biofilm grows, and the thickness can reach almost 100 um. Maturation Il is followed by the last stage—
dispersion of biofilm. After the biofilm disperses, it colonizes new surfaces, thus spreading the

infection.
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Figure 1.1. Biofilm formation stages (Sauer et al., 2022).

1.2. Polymicrobial biofilm

Polymicrobial biofilms (PMBF) are described as a group, consisting of two or more different
microorganisms, such as bacteria, and fungi, which are embedded in EPS matrix and live in a
coordinated manner (Anju et al., 2022). In the natural environment, microbes rarely exist without
coaggregation, increasing the importance of studying these interactions. Cooperation between
different microorganisms and the formation of PMBF enhances survival rates and adaptation to
external stresses, therefore, many infections are caused by several interacting bacteria and often result
in chronic and recurring diseases, some of the diseases caused by PMBFs are presented in Figure

1.2.



Polymicrobial biofilm
l infections l

Oral diseases Ear infection Cystic fibrosis Wound infection

| l | l

srr?;;fggggggiﬁns' . Pseudomonas P, aeruginosa,
D e H. mﬂuenz.s"e, S. 39;} UQ;MOS& Enterococcus sp.,
Porphyromonas ’ RIEELAE ETE SLEEATISIREE S. aureus,
gingivalis, Treponema Moraxeﬂg auretss, Streptococcus sp.,
denticola, Tannerella LSS Srr%? lococcus eI
forsythia, Candida mi ;ﬂ 9,,;?”?' morganii,
albicans Burkholderia Escherichia coli
cepacia,
Stenotrophomonas
maltophilia,
Haemophilus
influenzae,

Candida albicans

Figure 1.2. Infections associated with different bacteria polymicrobial interactions. The figure
shows which bacterial and fungal formed PMBFs can cause chronic infections. The figure was
prepared using biorender.com.

However, PMBF brings several advantages to microorganisms, such as increased suppression
against the immune system, increased drug resistance, stress tolerance, and virulence (Dhiman et al.,
2024). For example, H>O; is known to cause oxidative stress, which negatively affects
microorganisms by generating free radicals, including Streptococcus mutants and Candida albicans.
It was observed that in PMBFs consisting of these two microorganisms, stress tolerance was enhanced
because genes responsible for stress response in both species were upregulated, increasing the
chances of PMBF survival compared to monomicrobial biofilms (Lobo et al., 2019). PMBFs increase
the microorganisms' resistance to antimicrobial treatment by hindering the diffusion of these drugs
into the biofilm. The efficacy of vancomycin, an antibiotic that is often used against S. aureus, was
tested in PMBFs consisting of C. albicans and Staphylococcus aureus (S. aureus) microorganisms.
In S. aureus monomicrobial biofilm vancomycin reached the base level of the biofilm. However, in
the mentioned PMBFs antibiotics had almost zero effect, proving that PMBFs have increased
antibiotic resistance (Kong et al., 2016). Apart from that, microorganisms in PMBFs increase their
chances of survival by coordinating their gene expression and production of virulence factors
according to the environment. These factors are small molecules needed for bacteria to cause infection
in eucaryotic organisms (Abedon et al., 2009). Elastase is one of the most common virulence factors
encoded by LasB (Pseudomonas aeruginosa elastase gene), which hydrolyses elastin in host

connective tissues and damages them (Keown et al., 2020). When PLMBFs are formed, the
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production of elastase increases, causing more severe consequences to the host, making the treatment
more difficult for several reasons (Smith et al., 2015). Therefore, there is an increasing need to study
PMBFs and the development of more effective treatments against them.

S. aureus and Pseudomonas aeruginosa (P. aeruginosa) are the most common pathogens that
form biofilms, causing challenging treatment. Therefore, they are the most studied strains of bacteria.
S. aureus is known to cause pneumonia, osteomyelitis, and endocarditis and can cause several tissue
or skin infections (Tong et al., 2015). On the other hand, P. aeruginosa can cause chronic or acute
infections in patients with burns, sepsis, cystic fibrosis, etc. Also, infections caused by P. aeruginosa
are complicated to treat because of their high antibacterial resistance and high mutation rate (Qin et
al., 2022). Both mentioned bacteria form biofilms, causing a lot of difficulties in treating the infection.
However, these bacteria can cooperate and form a polymicrobial biofilm, which is highly pathogenic.
S. aureus and P. aeruginosa are the most commonly encountered bacteria in biofilms—affected chronic
wounds. During polymicrobial biofilm formation, S. aureus usually attaches first to the surface and
starts the biofilm formation, which promotes the increased aggregation of P. aeruginosa (Alves et al.,
2018). After the first stage of biofilm formation, follow all the usual steps. However, the dynamics
inside the polymicrobial biofilm can be competitive, and P. aeruginosa can produce antimicrobial
compounds and enzymes that could negatively affect S. aureus (Alves et al., 2018). This
polymicrobial biofilm can cause difficulties in treating chronic wounds and cystic fibrosis while the
resistance to the immune system and antibiotics increases (Camus et al., 2022).

Escherichia coli (E. coli) is a widely known bacterial species that is often involved in diseases
caused by biofilm formation. Most commonly, E. coli biofilm causes urinary tract infections (UTIs),
with high chances of relapse (Ballén et al., 2022). Apart from that, S. aureus tends to form
polymicrobial biofilms with E. coli, causing more severe UTIs. The highest rates of UTIs caused by
E. coli and S. aureus were associated with patients who had urinary catheters, where biofilms form
in the urinary tract or on catheters (Park et al., 2023). During polymicrobial biofilm formation, S.
aureus transfers antibiotic resistance genes to E. coli, resulting in increased antibiotic resistance

(Margarida Pereira et al., 2012).

1.3. Strategies inhibiting biofilm formation
After reviewing all the stages of biofilm formation, the first stage holds the greatest significance
in preventing biofilm development. It represents the highest risk and marks the onset of infection. As
a result, prevention efforts primarily focus on this initial stage. However, existing methods to prevent
infection are not always reliable. For instance, to inhibit bacterial attachment, devices or wound
dressings coated with antibiotic—eluting solutions are employed. Unfortunately, these approaches can
impair the functionality of the device and contribute to the accelerated emergence of antibiotic—

resistant bacteria (Ma et al., 2022). Another option is coating medical devices with antibacterial
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materials or solutions. However, often, the use of such an option could result in decreased efticacy
and even accumulation of dead cells on the surface. Therefore, it is important that the surface also
possess antifouling properties, minimizing the accumulation of cell debris (Wei et al., 2017). Ideally,
such applications should also prevent biofilm formation. It was observed that bacterial adhesion and
biofilm formation could be prevented by creating a surface using quercetin molecules derived from
plant flavonoids, together with an antifouling polymer. The surface adhesion using 2—hydroxyethyl
methacrylate was inhibited in an acidic environment as response quercetin molecules were released.

This resulted in the degradation of the biofilm structure and disruption of quorum sensing (Zou et al.,

2021).

1.4. Analysis of biofilms
1.4.1. Methods to analyse biofilms in vitro

As concern for biofilm infections increases every year, it’s crucial to study their formation and
possible treatment methods. To better understand how biofilms can be treated, various in vitro study
models have been created. These study methods are divided into two main groups: static and dynamic
(Alcacer—Almansa et al., 2023).

Static methods are among the most popular because they are user—friendly, have low
contamination rates, and are low—cost (Cattd & Cappitelli, 2019). The microtitre plate assay is the
best example of a static biofilm study, during which biofilms form on the bottom of a microtitre plate
and later are stained, usually with crystal violet, for biomass analysis (O’Toole, 2011). However, this
method cannot replicate the natural biofilm environment as it’s not exposed to the sheer forces that
biofilms encounter in the in vivo environment, such as the gut or urinary tract. Also, as there is no
consistent flow, there could be a lack of nutrients and a build—up of bioproducts, which could inhibit
biofilm growth and maturation (Cleaver & Garnett, 2023).

Dynamic methods, different from static ones, create a stream with which nutrients and waste
products are continuously flowing. Visualisation of dynamic methods is presented in Figure 1.4.1.
Several dynamic systems are currently used for biofilm studies, such as modified Robbins devices
(MRD), drip flow reactors (DFR), rotary disk reactor and microfluidic devices (Azeredo et al., 2017).
MRD flow—based system that has a square channel pipe with removable sampling ports, with
microscopic slides on which biofilm forms under consistent parallel nutrient flow, where
hydrodynamic conditions are controlled (McCoy et al., 1981). MRD enables analysis of biofilm
growth, structure, and response to environmental changes, such as reactions to antibiotics and
different material surfaces (Manz et al., 1993; Teodosio et al., 2011). DFR is similar to the MRD and
also uses microscopic slides to grow biofilm. The system consists of four parallel chambers in which
microscopic slides are placed. Each chamber has vented lids and gauge needles are used to serve

growth media to the chamber through lid septum (Schwartz et al., 2010). DFRs are commonly used
10



to mimic the surface of medical devices and test their antimicrobial properties to assess disinfection
strategies against biofilm formation (Buckingham—Meyer et al., 2007). Rotary disk reactor consists
of a central spinning disk, attached to the magnet, that is responsible for creating rotational speed and
helps to create similar sheer stress to the samples. The central spinning desk can hold several
microscopic slides (Schwartz et al., 2010). This method is used for biofilm resistance analysis and for
developing assays for biofilm formation control (Coenye & Nelis, 2010). Having in mind all the

mentioned methods microfluidics is known as a novel dynamic analysis tool for studying biofilms.
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(MRD) (DFR)
[/
II'.. [ ] _D_O_Dj_o_lﬁ nv} Drip-wise flow
-}— Plug
7 %
& Biofilm Removable slide
for biofilm growth

-
Flow

-
L
-
L.

C) Rotary Devices D) Microfluidic devices

Microchannels
/ >
“ /% °® .\
Coupons for . \. 5] ® ® ® )
biofilm growth — /
\ FAR J

Figure 1.4.1. Visualisation of different dynamic biofilm analysis methods. A — modified Robbins
device (MRD), B — drip flow reactor (DFR), C — rotary devices, and D — microfluidic devices
(Crivello et al., 2023).

1.4.2. Microfluidic chips for biofilm study
Flow is an integral part of every living organism, enabling the movement of nutrients and waste.
In the human body, flow is present in various parts, such as the urinary tract, vasculature, and the gut,
where bacteria can all colonize. Flow is recognized as a crucial factor for biofilm formation and
growth, starting from the early stages, such as adhesion. The impact of flow on biofilm formation is

shown in Figure 1.4.2.
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Figure 1.4.2. Describes different stages of biofilm formation under flow (a). (b) shows forces
underflow, such as hydrodynamic (i), adhesion (ii), lift (iii) forces, and hydrodynamic momentum
(iv). (c) describes mechanosensing in adhesion, when adhesins help bacteria form an attachment to
the surface (Yuan et al., 2023).

Therefore, for a precise study of biofilms in vitro, flow has to be present to mimic the natural
environment as closely as possible. A few new technologies are evolving that enable precise
environmental control, one of them being microfluidics. Microfluidics is a technology in which
liquids are controlled at a micrometric scale. As mentioned, dynamic methods, although used, lack

precise flow control and high—throughput properties (Son et al., 2015).

1.4.3. Types of Microfluidic Chips Used in Biofilm Research

Microfluidic devices have been extensively used for biofilm study and they can be categorized
according to their design: chips with linear channels, devices mixing channels, devices with multiple
floors, porous devices, topographic, and droplet microfluidics (Pérez-Rodriguez et al., 2022). The
design of the channels plays a key role in biofilm formation, adhesion, and growth under a controlled
environment. The different geometries of the channel can also impact the biofilm formation.
Therefore, as the microfluidic assay is quite versatile, it is really important while designing a
microfluidic system to pay attention to the structure of channels and their placement to use it for
advancing the research. For example, Cheah & Bae, in 2023, created a multichannel microfluidic
platform to study microbial interactions in dual-species biofilms. Their created microchip consisted
of several parallel channels enabling real-time monitoring of biofilms’ formation under different or

identical conditions, and it was stated that microfluidics is a promising tool for biofilm study.
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Microfluidic chips can also be integrated with electrochemical biosensors, advancing the study of
biofilms in real-time while at the same time providing a controlled environment. These microchips
allow a more precise analysis of biofilm dynamics and antimicrobial agents' effects (Ferndndez—la—

Villa et al., 2019).

1.5. Microfluidic chip Fabrication
1.5.1. Materials

Various materials could be used to produce a microfluidic chip, each having their benefits or
disadvantages for the experiment. However, the choice of material is considered one of the most
crucial steps in its development, and there are several factors to consider when choosing a material.
Ideally, it should be transparent for better analysis, it should be chemically compatible with reagents
used in the experiment, biocompatible itself, and should be stable and durable (Pan et al., 2018;
Shakeri et al., 2019; Sticker et al., 2020). Most commonly used materials include silicon, different
polymers such as polydimethylsiloxane (PDMS) or polymethylmethacrylate (PMMA), glass, cyclo—
olefin polymers and copolymers (COPs/COCs), and quartz (Focaroli et al., 2014). Silicon has several
advantages as a material for microfluidics, as it is chemically compatible, thermostable, has
semiconducting properties, freedom in design, and its surface can be modified (Nielsen et al., 2020).
Although silicon is one of the most commonly used materials, it is challenging to perform optical
analysis of the microchip as its opacity is limited (Mitchell et al., 2024). Glass is another material of
choice for microfluidics fabrication. It possesses several advantages, for example, it has greater
optical transparency than silicon. Apart from that, it is thermostable, chemically inert, and
biocompatible (Hwang et al., 2019). Glass is also considered an environmentally friendly material as
microchips produced with it because its chemical stability can be cleaned after an experiment by
disinfecting, washing, or even heating up and reused, thus cutting the costs of the experimentation
(Ofner et al., 2017). However, working with glass can be time—consuming and expensive to create
microchips with it (Campbell et al., 2021). Polymers are a common choice for microfluidic
fabrication. PDMS is the most popular because it is cheap, biocompatible, easy to work with, and has
high optical transparency and elasticity (Wong & Ho, 2009). Although PDMS is known for its high
porosity, and when used in microfluidics, molecules can be absorbed by it, making it unusable with
organic solutions (Adamiak et al., 2016). Apart from that, it was observed that microfluidic devices
in which PDMS is used tend to change shape under flow, which can lead to inconsistent results (Inglis,
2010). Also, PDMS exhibits a high degree of gas permeability, depending on the specific material
chemical formulation. However, it can lead to solvent evaporation within the microfluidic channels,
in the end changing their concentrations and affecting the experimental results (Vivas et al., 2010).
PMMA offers almost the same qualities as PDMS but does not absorb any molecules (Campbell et

al., 2021). Thermoplastics such as COPs/COCs are also a choice when producing a microfluidic chip.
13



One of the outstanding features is that they can be used with acids, bases, or polar solvents (Bruijns

etal., 2019).

1.5.2. The microfluidic chip mold fabrication and 3D printing

The fabrication of a microfluidic chip starts by creating a master mold. The design is a crucial
step as it decides what next steps will follow and, in the end, the quality of the experiment. Three—
dimensional (3D) printing is an emerging technique that is gaining more attention in microfluidic
chip fabrication due to its advantages. 3D printing is a technique when created computer—aided design
(CAD) model is printed using various materials to create a 3D structure. This technique allows the
creation of various microfluidic chip designs and is an ideal solution to create complicated structures
with high fidelity (Lai et al., 2019). Stereolithography is one of the 3D printing techniques used for
3D object production. It uses a laser that, when focused, can solidify the photo—sensitive resin, thus
creating a precise structure according to the created 3D model. It is considered one of the cheapest
and the most benefits possessing 3D printing techniques, such as high surface resolution and high
fidelity from micrometers to millimeters, thus commonly used while fabricating master molds for
microfluidic chips (Kotz et al., 2020). Fused deposition modelling is another technique used for mold
printing. During the process, thermoplastic material is melted and extruded through a nozzle, which
solidifies as it cools off. This method is affordable, fast, and simple, although it could lack precision.
The microchannels need extra precision, thus this method could be unsuitable for producing channels
at the micrometer level (Pranzo et al., 2018). Therefore, 3D printing stands as a promising technology
for master mold fabrication with extra precision, short printing time, and accuracy, minimizing the
human error factor. After a mold is printed, a negative replica of the master mold is created using

various materials such as the previously mentioned PDMS.

1.5.3. PDMS molding

Printing of master mold and creating a PDMS structure can offer several advantages, one of
them extending the use of the master mold, thus making it more convenient for mass production. This
approach is known as double casting and is based on a 3D printed mold providing the base for a
material of choice, such as PDMS, to be cast and after it possesses the desired features. This approach
is quite simple consisting of several steps, described in Figure 1.5.3. First, master mold creation,
followed by PDMS casting and curing, later separating the PDMS from the mold (Richmond &
Tompkins, 2021).

In the literature, this approach is extensively used. Colin et al. 2021 used a consumer—grade
stereolithography LCD 3D printer to produce a master mold. After Sylgaard 184 prepolymer was
mixed with curing agent. To avoid bubble formation, the PDMS with a mold was subjected to the

vacuum. It was noticed that this approach to microchip creation is most trustworthy compared to the
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new arising methods, for example, directly printing the microfluidic chip (Wang et al., 2017; Colin et

al., 2021).

3D printed mold ——  Castingof PDMS —» Release of PDMS — Required features

Figure 1.5.3. Double casting method steps for PDMS molding. Image prepared using

biorender.com

1.5.4. Off-stoichiometry thiol-ene

Off—stoichiometry thiol-ene (OSTE) has recently emerged as a new polymer alternative to
PDMS for microfluidics fabrication. Although PDMS is considered the most widely used material
for microfluidics, it is unsuitable for microchannel fabrication as it has high elasticity and can deform
under pressure or high flow rates, ruining the experiment (Hardy et al., 2009). In comparison, OSTE
has good mechanical resilience, a high adhesion rate to glass, metals, silicon, or even polymers, and
good optical properties. OSTE is a transparent photocurable material formed from thiol and ene
monomers with an off-stoichiometry mix ratio. This material is versatile and used in various
microfabrication methods such as micromachining, photolithography, casting, injection molding, and
fabricating microfluidic chips. One of the best advantages of OSTE is its direct and rapid surface

modification and fast curing time, approximately 30 seconds (Carlborg et al., 2011).

1.6. Biofilm analysis methods using a microfluidic chip

One of the most important aspects of any experiment is the method of analysis chosen. The
scientific community uses several methods to study biofilms in microfluidics. The analysis method is
chosen according to microfluidic chip properties, such as materials used in fabrication or data needed
to acquire from the experiment. For example, light microscopy could be used to evaluate bacterial
adhesion if biofilms are formed on PDMS (Straub et al., 2020). Another one of the classical methods
to evaluate the biofilm is colony—forming units (CFUs). CFUs is a standard unit of measurement of
biofilm growth applied in microbiology and molecular methods. CFUs number is determined after
cell colonies are formed using a specific growth medium in specific conditions. The limitation of
CFUs is that it allows the counting only of microorganisms that can be cultivated and is time—
consuming (Li et al., 2014). Light microscopy and CFUs are affordable and widely used methods for

analysis. However, more profound imaging could provide information about biofilm growth,
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adhesion, and their response to the environmental changes at the cell level over time, such methods
include— fluorescence and electron microscopy or optical coherence tomography (OCT) (Rodrigues
et al., 2023). Confocal laser scanning microscopy (CLSM) is a technique based on selectively excited
fluorescence signals in a sample, which generates images with localized laser excitation at specific
wavelengths point by point. This method enables biofilm visualization in a 3D form, allowing the
acquisition of information on biofilm viability, architecture, surface coverage, and thickness
(Mountcastle et al., 2021). CLSM is often used as a non—invasive or an in situ analysis method, as
the fluorescence signals come from staining probes or bacteria that are fluorescent— tagged, allowing
to obtain information on biofilm distribution in a non—destructive manner, even at the single—cell
level (Straub et al., 2020). CLSM allows biofilm growth in real-time monitoring (Tran et al., 2022)
and can be implemented together with transmitted detector (TD) function, allowing visualisation of
the microchip channel middle—depth plane, thus more accurately analysing the biofilm coverage of
the channel (Figure 1.6.) (Wei & Yang, 2023). However, CLSM has a few drawbacks— it cannot be
used for thick biofilm analysis (Yuan et al., 2020).
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Figure 1.6. Visualization of experimental setup for analysing biofilm development in the
microfluidic chips channel (a). The x, y, and z axes, respectively, represent the flow, lateral, and
vertical directions. (b) shows a CLSM image, showing a horizontal cross—section of the
microfluidic chip channel, captured using TD. (c) 3D reconstruction of biofilm dyed with
fluorescent dyes in the vertical y—z plane, as shown in a). (d) magnified CLSM image showing
biofilm formation against the channel walls in the x—y plane. LB indicated average biofilm
thickness. The scale bar is 25 pm. The visualization was adapted from Wei & Yang, 2023.

However, CLSM has a few drawbacks— it cannot be used for thick biofilm analysis (Yuan et
al., 2020). OCT is seen as an alternative method for CLSM as it is also non—invasive and allows real—

time monitoring of biomass and thickness of biofilm. OCT offers quite a wide range of depth
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analysis— from several millimeters up to 20 mm. One disadvantage is that it's impossible to analyse
early biofilm formation or bacteria at the single—cell level (Xi et al., 2006). Electron microscopy,
especially scanning electron microscopy, offers a detailed analysis of biofilms. Bacteria structures
such as pili, surface or cell-to—cell, or cell to the surface can be analyzed. Although this method offers
advantages that CLSM and OCT lack, it is an invasive and time—consuming technique (Arunachalam
& Davoodbasha, 2021). Therefore, choosing the analysis method that would fit the experiment

platform and fulfill all the data requirements needed to acquire is important.
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2. METHODOLOGY
2.1. Materials

Materials used in this study:

1.

COC Topas microscopy slide format (75.5 mm x 25.5 mm), Microfluidic ChipShop,

Jena, Germany.

2.

A A

Sylgard 184 silicone elastomer kit (Dow Corning, USA).

Zortrax white resin (Olsztyn, Poland).

OSTE resin (Ostemer 322) (Mercene Labs, Sweden).

PTFE tubing with a 1/32" inner diameter (Darwin Microfluidics).

Brain Heart Infusion broth (Biolab, Hungary).

Ciprofloxacin (Thermo Fisher Scientific, USA).

Tetracycline (Thermo Fisher Scientific, USA).

MycoLight bacterial viability assay kit (AAT Bioquest, USA).

Isopropyl alcohol (Eurochemicals, Lithuania).

Acetone (Sigma—Aldrich, Germany).

Disodium hydrogen phosphate anhydrous (Applichem, Germany).
Natriumchlorid (CarlRoth, Germany).

Potassium chloride, ACS reagent, 99.0-100.5% (Sigma—Aldrich, Germany).
Potassium dihydrogen phosphate (Sigma—Aldrich, Germany).

Trypsin from porcine pancreas (Sigma—Aldrich, Germany).
Ethylenediaminetetraacetic acid disodium salt dihydrate (VWR Chemicals, Belgium).
Pseudomas Isolation agar (Milipore, Germany).

CHROMagar Staph aureus (CHROMagar, France).

CHROMagar ¢.0157 (CHROMagar, France).

2.2. Microfluidic chip fabrication

This section presents the design and fabrication process of microfluidic chip. Considering the

complexity of the five—channel setup, the chip went through a series of processes to ensure high

quality performance and reliability. Each part of the fabrication process highlights various

methodologies, such as CAD creation, 3D printing, material preparation, and the assembly of the

chip, to achieve the most precise results after implementing this platform for biofilm study. This

methodology describes all necessary steps to create a microfluidic system.
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2.2.1. Master mold printing

Master mold printing starts from the creation of the design using Autodesk Fusion 360 CAD
modelling software. For printing Zortrax Inkspire 3D printer was used together with Zortrax white
resin. After the design creation, the mold model is exported in a STL or OBJ file format, which is
required for it to be 3D printed (Figure 2.2.1.). After uploading the 3D printable file into the printer's
software and before starting the printing process, it allows user to choose the printing parameters such
as slicing layer thickness or exposure to UV light time. This is a relatively quick negative master mold
production process as it can produce several molds with high accuracy, thus minimizing the mistake
rates. After the printing process, the master mold is cleaned with isopropyl alcohol (IPA) to remove
any uncured resin and is additionally cured with UV light to strengthen its mechanical properties to

acquire the final product.

Figure 2.2.1. 3D model of the master mold for PDMS casting.

2.2.2. Casting of PDMS
After fabricating the positive master mold, PDMS was casted. PDMS was produced using
SYLGARD silicone elastomer and mixing base and curing agent at a 10:1 weight ratio. After mixing,
any bubbles that formed were removed using a vacuum chamber. Then, the silicone elastomer was
poured into the printed master mold to acquire the desired pattern. The constructed master mold,
together with the silicone elastomer, was cured for 24 hours at 60 °C (Figure 2.2.2.). After curing,

the negative PDMS mold was hardened, removed, and washed with IPA to eliminate any remaining
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residue.

Pouring of Curing for 24
PDMS hours at 60 °C
_— B

Figure 2.2.2. Process of PDMS casting, the last photo shows the final PDMS mold.

2.2.3. COC preparation

The designed microfluidic chip is assembled using two COC substrates: a Microscopy slide
format (bottom COC) and a microscopy slide Luer platform with ten fluidic interfaces (top COC).
Before using both COCs for the microfluidic chip, they need to undergo several preparation steps.
Firstly, to enable fluid to pass through the top COC into the microchannels holes are drilled precisely
in the connection centers. After the COCs are cleaned with acetone and rinsed with IPA, they are
ultrasonically cleaned for 10 minutes. Ultrasonic cleaning is a method that uses an ultrasound to
thoroughly clean difficult—to—access places by agitating a fluid flow, achieving the best cleaning level.
Then, oxygen plasma treatment follows. This type of treatment is described as a surface modification
technique that interacts with the surface, removes any organic contamination, and enhances the
adhesion, which is critical to the microfluidic chip assembly. The oxygen plasma (Zepto B, Diener

Electronic, Germany) treatment is performed using 50% power, 0.35 mbar pressure for 90 seconds.

2.2.4. OSTE injection

Another important step in the microfluidic chip fabrication process is OSTE preparation and
injection. The entire process is demonstrated in Figure 2.2.4. and Figure 2.2.5. OSTE resin was
prepared by mixing two components: Part A (1.09): Part B (1.0), w/w. The device including the
produced negative PDMS mold and bottom COC is assembled using springs to ensure even pressure
on the COC. Using a syringe and tubing, OSTE was injected into the assembled device, which was
placed at a 45—degree angle. Following the injection, the UV light is then used to seal the last
microfluidic chamber to facilitate the passage of any bubbles that may occur. After injection, the

initial curing is performed with 365 nm UV light at an intensity of ~2.04 mW/cm? for 18.5 seconds.
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Then the whole device is disassembled, and the top COC with the sticky OSTE pattern is carefully

removed from the negative PDMS mold.

Figure 2.2.4 OSTE injection procedure in the lab.

2.2.5. Assembly of the microfluidic chip
To ensure a steady flow through the channels in the microfluidic chip, the top COC with a sticky
OSTE pattern was carefully aligned with the top COC so that the previously drilled holes match the
pattern. The assembled chip is then pressed using metal plates and cured at 60 °C for 4 hours to fully

polymerize OSTE, enhance bonding, and ensure efficient sealing of the microfluidic chip.
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Figure 2.2.5. The process of OSTE injection, curing and assembly of the microfluidic chip.

2.2.6. Microfluidic platform sheer stress analysis
Wall shear stress (WSS) distributions were analyzed to assess shear forces in the channels and
chambers. The findings emphasized areas of consistent shear alongside regions with heightened
stress, notably at channel junctions and near chamber inlets. Average and peak WSS values were
documented to evaluate the shear environment affecting the biofilm. These simulations offered
insights into the mechanical conditions within the microfluidic chip, confirming that the design was

appropriate for investigating biofilm growth under regulated shear stress conditions.

2.3. Biofilm growth in the microfluidic chip

For microbial biofilm growth, the developed microfluidic chip described earlier was used.
Three different strains of bacteria: Pseudomonas aeruginosa (PAO1), Staphylococcus aureus (ATCC
25923), and Escherichia coli (K12, DMS498) were used in this study. Firstly, the bacteria were
cultivated aerobically in the incubator at 37 °C and 150 rpm in BHI until they reached the mid—
logarithmic phase. Cultures were centrifuged for 5 minutes at 5000 rpm and washed three times with
PBS. Using a spectrophotometer set to a wavelength of 620 nm, a final concentration of 1 x 107 cells
mL! was prepared. To allow initial cell adhesion to the surface, the microfluidic chip channels were

then filled with the cell suspension using a micropipette and incubated under static conditions for 1.5
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hours at 37 °C temperature. To initiate the polymicrobial biofilm formation and adhesion phase, E.
coli or P. aeruginosa was introduced and incubated for 1.5 hours in the channels. Then, the channels
were washed three times with PBS, and S. aureus was introduced and incubated under the same
conditions for 30 minutes. Following the initial bacterial adhesion, the microfluidic chip was
connected through tubing to a syringe containing fresh BHI growth media using the pumping system
(Figure 2.3.). The BHI was flowed through the channels at a rate of 5 pL/min for the various durations
specified in the results section. Subsequently, PBS was perfused through the channels at a flow rate
of 5 uL/min for 30 minutes to prepare the chip for further experimentation and to remove any waste

formed during growth.

Figure 2.3. Microfluidic system set up using the pumping system.

In this study, monomicrobial and polymicrobial biofilms were grown, thus, two slightly
different methods were used to ensure that the polymicrobial biofilm formed in the channels. The first
method involved bacteria dyeing using MycoLight bacterial viability assay kit and analysis using a
confocal microscope. In contrast, the second method involved the chemical removal of the biofilm
from the channels. Trypsin, an enzyme commonly used to detach adhered cells from the surface, was
introduced into the channels to detach the formed biofilm from the channel's surface. Trypsin
treatment was carried out for 30 minutes, and the volume was collected with a micropipette into a
separate tube. New syringes with 5 mL of PBS were prepared and replaced in the flow system, and
the channels were washed to fully remove any cells after trypsin treatment. The gathered bacterial
cell suspensions were centrifuged and diluted. The E. coli bacteria were diluted 10 times, while S.
aureus was diluted 20 times. The cell suspension was then seeded on agar plates and left to grow for

16 hours in a static manner in the incubator. After growth, the formed colonies were counted.
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2.4. Biofilm antimicrobial treatment
Biofilms that had been grown for 48 hours were then exposed to ciprofloxacin for 16 hours at
a concentration of 5 pg/mL. Additionally, S. aureus bacteria were grown in a microfluidic chip for 48
hours and exposed to different concentrations of tetracycline (32 pg/mL, 64 pg/mL, 128 ng/mL) for
16 hours. To ensure the biofilms maintained constant contact with the antibiotic during treatment, a
medium flow rate of 5 pul/min was kept. Following the treatment, the biofilms were rinsed with sterile
PBS at a flow rate of 5 pl/min for 30 minutes, allowing for the cleaning of the microchannels and the

removal of any loosely attached or residual bacteria.

2.5. Biofilm growth in 24-well plates

For the initial testing of biofilm growth under static conditions, they were grown in 24—well
plates and prepared in the same manner as for the microfluidic chip. After preparing the final bacteria
suspension, 1.5 mL of the final cell volume was introduced into the wells and incubated under static
conditions at 37°C for 1.5 hours to facilitate initial cell adhesion. The wells were then washed three
times with PBS, and for growth, 3 — 4 mL of BHI was added to the wells and the plates were left in
the incubator for a specific period, depending on experiment requirements, at 37°C with 50 rpm. After
incubation, BHI was removed from the wells, and the cells were washed three times with PBS to
remove any residual waste. Bacteria visualization was performed using the MycoLight bacterial
viability assay kit, and the working solution was prepared as described in the assay manual. To each
well 100 pL of dye solution was added and left to stain for 25 minutes in the dark at room temperature.
The wells were washed three times with PBS to remove excess stain, and samples were prepared for

visualization with a confocal microscope.

2.6. Colony forming unit biofilm growth and analysis
The colony—forming unit (CFU) assay is one of the most popular methods in microbiology labs
that allows the detection of the number of viable bacteria in the sample. The bacteria were prepared
in the same manner as during the 24—well plate assay and left to grow with BHI for a specified time.
However, for polymicrobial biofilm, the incubation times differed:
1. For polymicrobial biofilms, 1.5 mL of P. aeruginosa and E. coli cell suspension was first
introduced to the wells and incubated for 1.5 hours.
2. The wells were then washed three times with PBS, and 1.5 mL of S. aureus suspension
was introduced. Later on, the suspension was incubated at the same conditions for 30
minutes.
After growth, bacteria were washed with PBS, scraped, and diluted. The dilution factor differed

for each bacterial strain: for P aeruginosa and E. coli, 107, and for S. aureus, 10°°. After the final
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dilution, 20 pL of bacteria were seeded in agar plates and incubated for 16 hours. Afterward, formed

colonies were counted to assess the number of viable cells.

2.7. Analysis using confocal scanning microscopy

Using a Nikon Eclipse Ti2 confocal laser scanning microscope with a 20x objective lens,
stained biofilms were visualized. Fluorescence detection occurred at an excitation wavelength of 488
nm, with emission filters set to 510-530 nm for MycoLight™ Green indicated live cells and 600—660
nm for propidium iodide indicated dead cells. Biofilm images were captured using an Andor Zyla
sCMOS camera linked to the DSD2 differential spinning disc system, ensuring high-resolution and
precise fluorescence detection. For 3D visual reconstruction of the biofilm structure, Z—stack images
were collected at 1 pm intervals. Finally, data was collected using Nikon Elements software, and

image analysis was performed using ImagelJ (Fiji ) software.
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3. RESULTS

3.1. Microfluidic chip fabrication and quality control

The main objective of this study was to create a reliable platform for investigating microbial
biofilms under controlled conditions. Thus, we successfully developed a microfluidic chip consisting
of five separate growth chambers. The separate chambers allow testing different experimental
conditions in one run while precisely manipulating fluid flow and shear stress, which are crucial
factors in biofilm formation under dynamic conditions. The size of the microfluidic chip was
produced according to the standard microscope slide dimensions (75 mm x 25 mm), making it an
ideal candidate for use with various imaging tools for biofilm analysis.

The chip's fabrication process, as described in the methodology, began with 3D printing a
positive master mold, which was then used to create a negative PDMS mold. OSTE resin was injected
into the top COC and PDMS mold casing to ensure durable and precise microchannels. The final step
involved assembling the microfluidic chip by bonding COC to the patterned mold using plasma
treatment. This bonding method minimized the possibility of leakage while creating an environment
free of contamination, which was confirmed by the lack of leakage during perfusion through the
channels. Apart from leakage, validating microfluidic chip functionality is an important factor to
consider after the fabrication process. In this study, the chip's functionality was tested by injecting a
fluorescent dye into the channels and observing the fluid flow with confocal microscopy. The
fluorescence intensity profile analysis showed that the dye's flow was even in all growth chambers
without the formation of dead zones or blocked channels. These results prove that the created
microfluidic design enabled consistent and stable fluid flow under the specific experimental
conditions.

Another important factor to consider when fabricating microfluidic chips is the scaling up of
the production, which is crucial for future biofilm studies. The fabrication process must be repeatable
to ensure the same chip quality during each fabrication, thus, it is important to assess channel variation
across several produced chips and in each chip separately. The measurement of microfluidic channels
showed that the variation of dimensions was less than £3%, confirming the possible production

scalability while maintaining quality.

3.2. Improvements in microfluidic chip fabrication and system setup
During the microfluidic chip fabrication process, multiple chips were produced to achieve the
optimal design and functionality. Since the entire process can be time—consuming, several attempts
were made to reduce the fabrication time through improvements in methodology. Considering that
the produced microfluidic chip is used for biofilm growth and analysis, various challenges emerged

that needed to be addressed, not only in the fabrication process but also in setting up the entire
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microfluidic system. Recognizing all the challenges and improvements made during the development

process, key changes and their outcomes are outlined in the table below (Table 1).

Table 1. Changes made in the chip and comparison

Primary methodology

New methodology

Result

Master mold design

New master mold design

The wupdated master mold
pattern resolved the issues that
occurred during OSTE
injection, such as bubble exit
from the assembled COC and
PDMS casing. The new design
features rounded edges and
larger chambers, which are
crucial for biofilm formation
and minimizing the risk of
leakage.

OSTE injection when COC and
PDMS  casing positioned
horizontally

OSTE injection with COC and
PDMS casing positioned at a
45—degree angle

The COC and PDMS casing
placement at 45 degrees allows
the bubbles to pass during

OSTE injection, thus
minimizing the risk of
entrapped bubbles and

possibility of failed fabrication
of microfluidic chip.

Entrapped bubbles in the OSTE
pattern during injection

The UV light is used to seal the
last microfluidic chamber to

encourage the passage of
bubbles.

To  further prevent the
entrapped bubbles in the OSTE
pattern, the last chamber was
sealed using UV light for 5
seconds. This enabled a more
fluent flow of the OSTE
through the COC and PDMS
casing and helped to remove
any stubborn bubbles, ensuring
an even pattern after curing.

The OSTE pattern casted on
bottom COC

The OSTE pattern casted on
top COC

Casting the pattern on the
bottom COC posed multiple
challenges, including the
precise alignment needed with
the top COC ports, which led to
several failed microfluidic
chips. By moving the pattern
casting to the top COC, this
issue was resolved, simplifying
the final assembly of the chip
and relatively reducing the
production time.
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Primary methodology New methodology Result

High leakage rates occurring in | Mitigating the risk of leakage | Before each experiment, the
the microfluidic chip during | before establishing the | chip was tested for leakage to
experiments. microfluidic system minimize the number of failed
experiments. Distilled water
was slowly introduced into the
channels to ensure each
channel was filled without
water flowing into other
channels or through the entire
chip.

The pump contained syringes | The syringe in the pump has | Using multiple tubes connected
with multiple tubes extending | only a single tube extending | to one syringe allowed for
from a single syringe. from it. various experiments to be
performed with fewer pumping
systems. However, this setup
led to inconsistent flows of
BHI or PBS, which resulted in
unreliable results or
experimental  failures. In
contrast, utilizing a single
syringe with one tube to deliver
media into a single chamber
produced reliable results and
consistent flow during the

experiment, significantly
decreasing the number of
failures.

This enhancement process emphasizes a reliable improvement approach in producing
microfluidic chips for biofilm studies. The advancements listed in Table 1 not only pave the way for
reliable chip production in the future but also guarantee that the high quality of chips remains

consistent.

3.3. Distribution of Wall Shear Stress in the Microfluidic Channel

Wall shear stress (WSS) is a force that affects fluid flow in the channels. It is considered a
critical parameter while creating microfluidic chips for biofilm study, because it affects how biofilms
forms. In this study, WSS was tested using ANSYS Fluent, a computational fluid dynamics software
that uses mathematical modelling to simulate fluid flow and other physical aspects in complex
geometries, such as microfluidic chips for testing laminar flow or WSS. The software provided a
detailed shear force distribution throughout the channel walls and visualised where the force was the
highest and the lowest (Figure 3.3.). It was observed that the WSS varied in the channel, and the
highest stress was near the outlet and inlet regions, marked red, decreasing gradually towards the

center of the channel.
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In the narrowest part of the chip, due to the geometry of the channel, the flow velocity increased,
and the maximum WSS value was calculated, reaching 5.44 x 10~ Pa. The lowest WSS of 0 Pa was
observed in the channel regions where the flow was stagnant and near channel walls, where fluid
motion is low. The most uniform shear stress distribution was in the center parts of the chip, where
values ranged between 1.81 x 107 Pa and 3.17 x 107 Pa, which reflected the steady flow conditions
set in the simulation. These results show that a consistent flow and shear stress are produced in the

channel, confirming that the design allows gathering reliable and repeatable results under controlled

conditions.
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Figure 3.3. Wall shear stress distribution in the microfluidic channel assessed using ANSY'S Fluent.

The color distribution represents WSS values in Pascals, with the highest stresses marked red and

observed near the inlet and outlet, and the lowest stresses marked blue.

3.4. Monomicrobial biofilm growth under static and dynamic conditions

As microfluidic chips are considered a relatively new method for studying biofilms, to confirm
the reliability of our produced chips in a laboratory setting, bacteria were also grown using a routinely
used method in microbiology—cell growth in well plates. Two bacteria species biofilm growth: P.
aeruginosa and S. aureus was monitored at different time points: 3, 24 and 48 hours after initial cell
adhesion for dynamic (microfluidic chip) and static (24—well plate) growth methods, after initial cell
adhesion phase. Each time point represents a stage in biofilm formation, 3 hours—initial bacteria
adhesion, 24 hours— maturation phase, and 48 hours— biofilm maturation phase 2. The confocal

microscopy analysis photos are presented in Figure 3.4.
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After 3 hours of growth under dynamic conditions, both bacteria species formed isolated cell
clusters, indicated by higher fluorescence across the channel surface, and in general, the cell adhesion
was scarce. In comparison, under static conditions, both bacteria's adhesion, according to the
fluorescence intensity, was denser, especially for P. aeruginosa, confirming that the initial adhesion

is more rapid and higher in density when shear force is not present.

P. aeruginosa S. aureus
3 hours 24 hours 48 hours 3 hours 24 hours 48 hours
Dynamic
(microfluidic
chip)
Static

(24-well
plate)

Figure 3.4. Confocal microscopy analysis of P. aeruginosa and S. aureus biofilm formation under

dynamic (microfluidic chip) and static (24—well plate) conditions at 3, 24, and 48 hours.

At the 24-hour time point, the divergence in biofilm formation under different conditions
started to show. Bacteria grown in dynamic conditions showed that under the influence of shear force,
uniform biofilm layers with even coverage are formed, as seen in the P. aeruginosa sample. As P.
aeruginosa growth is known to be challenging, the biomass was less increased compared with S.
aureus under dynamic conditions. S. aureus biofilm maintained structural integrity while the biomass
was substantially increased compared to the 3— hour sample. P. aeruginosa bacteria grown in static
conditions formed dense cell clusters, while S. aureus formed more uneven layers across the surface.

After 48 hours, the difference between bacteria grown in static and dynamic conditions became
even more visible. Under dynamic conditions, both bacteria continued to form thin and evenly
covering the surface biofilms. While under static conditions, S. aureus formed thicker and more
uneven mats, and P. aeruginosa formed heterogeneous and thick cell clusters. Overall, the results
confirm the importance of shear force in biofilm formation, as it restricts the biomass growth
vertically, hence, forming thin, but more homogenous biofilms. As for static conditions, bacteria tend
to form irregular biofilms and grow excessively, as there are no forces restricting the growth, resulting

in rapid, irregular biofilm accumulation.
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3.5. Antibacterial treatment of microbial biofilms with the microfluidic system

To evaluate the microfluidic chip's potential to be used as a dependable platform for screening
antimicrobial treatments on biofilms, the antibiotics ciprofloxacin and tetracycline were used. For
ciproflocaxin treatment efficacy evaluation, P. aeruginosa and S. aureus bacteria were grown for 48
hours under dynamic conditions and for tetracycline—only S. aureus were treated. Using fluorescence
dyes, bacterias’ biofilms were visually analysed to distinguish between the quantity of live and dead
cells. Biofilm thickness was also measured, and any structural changes were assessed using 3D
confocal microscopy.

The untreated P. aeruginosa and S. aureus control samples grew dense, homogenous biofilms
with a strong green fluorescence signal, indicating a high presence of viable cells (Figure 3.5.1.).
Ciprofloxacin (5 pg/mL) treatment was applied for 16 hours under dynamic conditions, which
resulted in a decreased number of viable cells and disrupted structure, shown by decreased green
color and increased red color fluorescence. In the P. aeruginosa sample, after treatment, the biofilm's
biomass reduced and became heterogeneous. In contrast, the S. aureus sample, after treatment, also

became heterogeneous, less dense, with some patches of intact biofilm.

P. aeruginosa S. aureus

Control After treatment Control After treatment

Figure 3.5.1 3D confocal microscopy images of biofilms after 48 hours of growth in a microfluidic

system. Control samples with green fluorescence show homogenous and viable biofilms, while
samples after treatment show increased red fluorescence with disrupted structures, indicating
significant cell death. Scale bars represent 100 pm.

Apart from visual analysis, biofilm thickness was assessed using quantitative analysis to
confirm the structural changes observed during visual analysis of confocal images (Figure 3.5.2.).
For this reason, the biofilm thickness was measured. In untreated samples, P. aeruginosa displayed
an average of 21 um thickness, and after treatment, it decreased to 18 pm. A similar decrease was
observed in S. aureus samples after treatment, the thickness decreasing from 32 pm to 24 um. These
results confirm that the antimicrobial treatment was successful, and the produced microfluidic chip
can be used to study the effects of antimicrobial treatments for microbial biofilms under controlled

flow conditions.
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Effect of Ciprofloxacin on S. aureus Biofilm Effect of Ciprofloxacin on P. aeruginosa
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Figure 3.5.2. Quantitative measurements of S. aureus (a) and P. aeruginosa (b) biofilm thickness at
24 hours, 48 hours, and post—treatment with ciprofloxacin (5 pg/mL) for 16 hours.

To assess the efficacy of different concentrations of antibiotic treatment on biofilms, S. aureus
was treated with different concentrations of tetracycline (Figure 3.5.3.). The untreated, control
sample after CLSM analysis showed dense and even biofilm with a strong green fluorescence signal,
suggesting that there is a high amount of viable cells. After the lowest antibiotic concentration (32
png/mL) treatment, the red fluorescence indicating dead cells starts to appear, with disrupted biofilm
and the start of biofilm degradation. Increased antibiotic concentration (64 pg/mL) results in a
significant increase of red fluorescence signal, emphasising reduced bacterial activity, followed by
biofilm degradation. At the highest concentration (128 pg/mL), red fluorescence dominates, with
highly dispersed and sparse biofilm, showing significant bacterial death and biofilm eradication.
These results show that fabricated microfluidic chip is a reliably platform to study dose dependent
antibiotic effects on microbial biofilms.

Control 32 pg/mL 64 ug/mL 128 pg/mL

Figure 3.5.3. 3D confocal microscopy images of S. aureus biofilms after 48 hours of growth in a

microfluidic system after treatment with different concentrations of tetracycline. Control sample

(without treatment) shows enhanced green fluorescence displaying viable and dense biofilm, while
samples after treatment with varying concentrations of antibiotic show increased red fluorescence,
indicating significant cell death with disrupted and almost eradicated biofilm. Scale bars represent

100 pm.
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Quantitative analysis was performed to confirm the structural changes observed in CLSM images
after tetracycline treatment (Figure 3.5.4.). The graph illustrates the effects of different
concentrations of tetracycline on S. aureus biofilm thickness, grown for 48 hours, after 16 hours of
treatment at 5 pg/mL flow rate. In the control sample, where treatment was not applied, biofilm
reached approximately 38 um thickness, displaying robust biofilm formation. With a 32 ng/mL
tetracycline concentration, biofilm thickness reduced to 33 um, showing the initial biofilm response
to the antibiotic. Higher concentrations of antibiotics showed a significant decrease in thickness,
with 64 ng/mL the average thickness being 16 um, and for 128 ug/mL, decreasing to less than 6
um, demonstrating almost complete disruption of the biofilm structure. These quantitative results
confirm the observations gathered from CLSM analysis and confirm that the microfluidic chip can

be recognized as a reliable platform for dose—dependent antibiotic studies on biofilm reduction and

eradication.
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Figure 3.5.4. Quantitative measurements of biofilm thickness grown for 48 hours, after 16 hours of

tetracycline treatment for 16 hours, with different concentrations (32, 64, 128 ng/mL).

3.6. Polymicrobial biofilm growth

To further expand the produced microfluidic chip features and capabilities, polymicrobial
biofilm (PMBF), including E. coli and S. aureus, was grown. Firstly, a CFU assay was conducted to
compare and test PMBF growth in static conditions; the results of the CFU assay are shown in Figure
3.6.1. It was observed that S. aureus formed mono—biofilms under static conditions and was present
in the PMBF sample, represented by several colonies formed on an agar plate in Figure 3.6.1. parts
a) and b). However, monocultured E. coli did not form the biofilm, nor was it present in the PMBF
sample, which is represented by the absence of colonies on the agar plate. This could have happened
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because of several reasons, for example, compared to S. aureus, E. coli is known to detach more
easily from the surface, thus, if samples were washed harshly, it would enhance the biofilm

detachment and eliminate bacteria from the wells.

Figure 3.6.1. CFU assay results of S. aureus and E. coli grown under static conditions for 48 hours.
a) Monoculture S. aureus biofilm, shows several formed colonies, b) S. aureus collected from a
polymicrobial biofilm cultured together with E. coli, showing dominant growth of S. aureus, c)
Monoculture E. coli biofilm, demonstrating no formed colonies, d) E. coli from the polymicrobial
biofilm, showing lack of growth.

The experiment was repeated in the developed microfluidic chip to test how bacteria form
polymicrobial biofilms under dynamic conditions. Firstly, to ensure that PMBF forms after the growth
in the microfluidic chip, bacteria were chemically detached, using trypsin, from the channel surface,
diluted, and seeded on selective agar plates. The results are presented in Figure 3.6.2. The biggest
difference is that E. coli bacteria formed a higher count of colonies from monoculture samples than
compared to the CFU results in Figure 3.6.1. ¢). Apart from that, dynamically grown E. coli bacteria
also formed a high count of colonies, demonstrating the advantages of the microfluidic chip.
Compared to static conditions, S. aureus also showed higher counts of colonies formed in
monocultured and polymicrobial samples. These results confirm that a microfluidic chip is a suitable

and possibly preferred platform for growing monocultured bacteria and polymicrobial biofilms.
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Figure 3.6.2 Results of S. aureus and E. coli grown under dynamic conditions using microfluidic
chip for 48 hours. a) Monoculture S. aureus biofilm, shows high count of colonies, b) S. aureus
collected from a polymicrobial biofilm cultured together with E. coli, showing dominant growth of
S. aureus, c) Monoculture E. coli biofilm, exhibiting significantly higher count of colonies then in
static conditions, d) E. coli from the polymicrobial biofilm, showing high count of colonies.

The experiment was repeated using confocal microscopy analysis to further validate the results
gathered from the CFU assay after the growth in a microfluidic system (Figure 3.6.3.). It was
observed that after 48 hours of growth, the structure of the biofilm was dense, homogenous, and the

thickness was 35 pm.

35pm
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Figure 3.6.3. 3D confocal microscopy image of polymicrobial (E. coli and S. aureus) biofilm after

48 hours of growth in a microfluidic system.
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The presented results confirm that the microfluidic system is a reliable platform for growing
and analysing mono— or polymicrobial biofilms under controlled flow. After analysis, it can be
concluded that using a microfluidic chip has several advantages, such as biofilms, which can be harder
to cultivate using static methods, grow better and more even biofilms in a microfluidic chip. Apart
from that, controlled conditions have several benefits, such as minimizing human mistakes, thus
moving forward towards more automated and precise results, which is especially important in clinical

settings.
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4. DISCUSSION

Bacterial biofilms pose a global health threat, allowing them to grow and survive under extreme

conditions. In the human body, bacterial biofilms form in the urinary tract, heart valves, or lungs, and
in medical devices, such as catheters, stents, or other implantable devices (O’May et al., 2009; Ciofu
et al., 2015; Darouiche, 2001). Infections caused by biofilms tend to re—occur, increasing bacterial
resistance to antibiotics and causing challenging treatment. Therefore, it is important to understand
biofilm formation, the factors included in it, and how they could be manipulated to decrease the
severity of infection or fully treat it. Another factor to consider is the currently used methods to study
biofilm behaviour, growth, and response to antimicrobial treatments. Traditional methods, such as
static ones—CFU, growth in cell-well plates, are popular but cannot mimic the natural environment,
limiting their effectiveness and accuracy (Klopper et al., 2024). In a clinical setting, microfluidics has
gained a lot of attention due to its capability to closely mimic the natural environment and its
relatively large capability to manipulate it to be suitable for a specific experimental setting (Straub et
al., 2020). Therefore, in this study, we chose to develop a microfluidic chip for biofilm study with the
thought that in the future, it could be applied in a clinical setting.
Microfluidic chips have emerged as a reliable technology that closely replicates the natural
environment through controlled shear forces, flow, and gradients of nutrients. Currently, the most
widely used microfluidics are PDMS—based. Straub et al. (2020) created a PDMS—based microfluidic
chip to investigate E. coli under flow. The results showed that a microfluidic chip can mimic natural
environments and is a suitable technology for studying bacteria's biofilm response to antibiotics,
highlighting its applicability for treatment screening in a clinical setting. Tang et al. (2012) also
conducted a similar study, where a microfluidic chip was fabricated to study antibiotic resistance in
bacterial biofilms. Results showed that sub-inhibitory ciprofloxacin concentrations could be selected
for resistant mutants, thus highlighting the use of microfluidic chips in antibiotic—resistant bacteria
evolution.

Although PDMS is a popular material for microfluidic chip fabrication, it has a few drawbacks:
gas permeability, deforming under pressure, small molecule absorption, and high hydrophobicity
(Vivas et al., 2010; Inglis, 2010; Toepke & Beebe, 2006). The last one poses a challenge because
bacteria, which are known to be hydrophilic, poorly adhere to such a microchip surface. Hence,
through chemical modifications, PDMS can be made to be hydrophilic and enhance cell attachment
(Zhou et al., 2012). However, this brings an additional step to the microfluidic chip fabrication,
making it not an ideal solution. Considering the disadvantages, in this work, we chose to produce
microfluidic chips using OSTE. OSTE has already been used in the microchip fabrication process
and has proven to be a better alternative to PDMS. Amorim et al. (2025) fabricated a microfluidic

chip using OSTE polymer and were one of the first scientific groups to test this polymer's
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compatibility with bacterial biofilm studies, specifically S. aureus. They demonstrated that OSTE—
based microfluidic chips are suitable for biofilm studies and have several advantages, such as high
mechanical stability and tunable surface chemistry, making them a versatile material to advance
biofilm research compared to PDMS or glass—based microchips. Additionally, OSTE use in the
microchip fabrication enhances the chip's durability, in the end reducing experimental costs. Also, it
is compatible with COC substrates, which are often used in a laboratory setting, thus creating a
pathway for scalable production. Therefore, by using OSTE resin instead of PDMS, we fabricated a
microfluidic chip to study biofilms with high accuracy, through enhanced mechanical strength,
chemical stability, and high dimensional accuracy.

In this study, we fabricated a microfluidic chip with five independent growth chambers. During
the development process, we focused on creating a design that would be applicable in standard
laboratory settings. The materials chosen for the chip, apart from being mechanically and chemically
stable, also have good optical transparency, enabling clear and accurate visualisation of chambers,
flow dynamics, and grown biofilm structure. The enhancements, such as improved master mold
design to ease OSTE injection and minimize further leakage, were done to improve and shorten the
time of fabrication. Furthermore, the microfluidic chip includes Mini Luer ports and has dimensions
that match the standard microscopic slide size, making it more applicable in various laboratory
settings, imaging, and evaluation of antimicrobial treatment on biofilms. The incorporation of
relatively novel materials and optimized microchip design offers a promising platform for biofilm
study, by reducing fabrication and total experimental costs while addressing key limitations in
existing platforms.

To create an accurately controlled fluid flow within the microfluidic chips' growth chamber, an
important aspect to consider is WSS distribution within it. In this study, the fabricated microchip’s
WSS were measured, where the highest recorded number was 5.44 x 107 Pa near the ends of the
growth chamber and the lowest numbers were recorded in the central parts of the chamber, ranging
from 1.81 x 1073 to 3.17 x 1073 Pa, demonstrating consistent flow. The variations in WSS in different
parts of the microfluidic chip were due to the differences in the channel dimensions. Near the inlets
and outlets, where the surface area is smaller, WSS was higher than in the center of the channel. Wei
& Yang (2023) tested how different flow conditions affect Pseudomonas putida biofilm formation in
a microfluidic chip. They observed that under consistent 3.5 Pa shear stress with low flow
fluctuations, biofilm growth was enhanced, and with high flow fluctuations, the growth was slower
or inhibited. These results show the importance of uniform shear stress across the channel because it
ensures the reproducibility through minimizing flow stagnation, which is critical for accurate and

successful evaluation of biofilm growth and response to antibiotic treatment.
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To demonstrate the advantages of microfluidic use for bacterial biofilm analysis, the two
bacteria species S. aureus and P. aeruginosa were grown under dynamic (microfluidic chip) and static
(24—well plate) conditions. In both conditions, bacteria were grown for 3, 24, and 48 hours to
accurately evaluate the biofilm development in different stages. After 3 hours of growth, biofilms
grown in well plates showed heterogeneous and dense adhesion, while under dynamic conditions,
early microcolony formation could have been observed. The denser adhesion under static conditions
was due to the absence of fluid movement, allowing bacteria to grow exponentially. After 24 hours,
the difference in biofilm structures under different conditions was even clearer, where in microchip
biofilms were forming uniform layers, and in well plates, the biofilm was continuing to form dense
and uneven biofilm layers. At 48 hours, biofilms grown in static conditions showed even more
clumped and dense growth vertically, especially for S. aureus. Due to consistent and controlled flow,
bacteria in the microfluidic chip continued to form an evenly distributed and thin layer of biofilm,
restricting the excess biofilm growth, displaying the importance and advantage of shear force in
biofilm formation. Tran et al. (2022) compared biofilm formation of S. aureus and Candida albicans
under static conditions in 96—well plates and dynamic conditions in microfluidic channels. The results
showed that under dynamic conditions, biofilms formed more heterogeneously with higher rates of
aggregation and were thicker compared to dynamic conditions where bacteria formed a more even
and uniform layer of biofilms, due to shear stress and constant nutrient supply. Although, microfluidic
chips for bacterial growth and study are quite a novel approach, it has already been proven as a
favourable technology to grow and analyse bacterial biofilm formation, compared to traditional static
methods, as it allows to grow evenly distributed biofilms while closely mimic the natural environment
due to shear force and controlled flow conditions.

To further evaluate the microfluidic chips' applicability in a clinical setting, bacterial biofilms
were treated with ciprofloxacin and tetracycline, a commonly used antibiotics, to assess the fabricated
chip's potential for studying biofilm response to antimicrobial treatment. P. aeruginosa and S. aureus
bacteria were grown in a microfluidic chip and treated with ciprofloxacin for 16 hours at a 5 pg/mL
flow rate, after which the thickness of biofilm greatly reduced, and the architecture, as seen in
confocal images, was disrupted with increased visualisation of dead cells. Additionally, S. aureus
biofilms grown for 48 hours were treated with increasing concentrations of tetracycline (32, 64, and
128 pg/mL), at a 5 pg/mL flow rate for 16 hours. It was observed that the increase in antibiotic
concentration resulted in significant biofilm disruption after treatment, ultimately reducing the
bacteria's biofilm from approximately 33 um to 6 um. These results confirm the potential of
microfluidic chip capability to mimic experimentally needed environments, thus creating a platform
for studying the efficacy of antimicrobial treatments in sifu. It is important to note that during the

treatment, S. aureus biofilm reduced relatively more compared to P. aeruginosa, which may be
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because of the differences in biofilm structure and extracellular polymeric substance (EPS)
composition variations between the two bacterial species. Vestweber et al. (2024) assessed the
morphological differences of both bacterial biofilms, showing that after 48 to 72 hours of growth, S.
aureus formed a less dense biofilm structure with porous aggregates, while P. aeruginosa formed a
highly dense and compact biofilm structure. Therefore, the differences in biofilm structure could have
influenced the different responses to the treatment. Nevertheless, this pilot experiment demonstrated
the microchips' potential to study the effects of antimicrobial efficacy under controlled conditions.
However, future research is needed to further validate these results.

In natural environments, bacteria often form polymicrobial biofilms and cause various chronic
infections, which are challenging to treat. To test the microfluidic chip's capabilities, we cultivated
PMBF consisting of E. coli and S. aureus bacteria in the channels of the chip. Firstly, we assessed
polymicrobial biofilm formation under static conditions using the CFU assay. However, after several
attempts, the monocultured E. coli and polymicrobial biofilm did not form. This could have happened
because E. coli is known to detach from the surface more easily than S. aureus due to harsh washing
with PBS (Zhou et al., 2022). After unsuccessful attempts to grow PMBF under static conditions,
bacterial biofilm growth was tested in the microfluidic chip. After the removal of bacteria from the
channels using trypsin, they were seeded on the selective agar plates. The results were promising, E.
coli formed a high count of colonies from monocultivated and PMBF samples. However, the
presented results should be repeated in future works to assess the best dilution factor when collecting
cells from the growth chamber and seeding them on agar plates. To further analyse the PMBFs'
architecture, the experiment was repeated where channels were dyed and analysed using confocal
scanning microscopy. The 3D biofilm visualisation showed a 35 pm-thick, dense and evenly
distributed biofilm, confirming the results after chemical detachment. Subramanian et al. (2016)
investigated the efficacy of the novel treatment against E. coli biofilms in the microfluidic device.
During the study, they assessed that the average thickness of mature E. coli biofilm ranges from 10
pm to 30 um, therefore, we can say that in our study, we managed to grow PMBFs in the chip.
However, we recognise that in future studies, bacteria morphology should be analysed using SEM or
a more defined lens of a confocal microscope. These initial results prove that the microfluidic chip is
a promising technology with capabilities to ease the study of PMBFs under controlled flow, by

minimizing human error and introducing controlled conditions for the most reliable results.
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CONCLUSIONS

. A microfluidic chip featuring five independent microchannels was successfully fabricated
using soft lithography and photolithography techniques. The fabrication process was
optimized to ensure high reproducibility and quality, with dimensional variations within
+3%. The device demonstrated no leakage and is cost-effective for further experimental
applications.

. The comparison of dynamic (microfluidic chip) and static (24—well plate) growth conditions
of S. aureus and P. aeruginosa biofilm showed that in the microfluidic chip, a thin and
homogenous biofilm layer was formed, while in the well plates, the biofilm was dense and
heterogenous.

. Antimicrobial treatment showed that the fabricated microfluidic chip is a reliable platform
for analysing treatment efficacy on bacterial biofilms using confocal scanning microscopy.
. Polymicrobial biofilm growth consisting of E. coli and S. aureus was unsuccessful under
static conditions, while in the microfluidic chip, it formed a dense and evenly distributed

polymicrobial biofilm, confirmed by CFU assay and confocal microscopy analysis.
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ABSTRACT

Microbial biofilms are a group of microorganisms that are embedded in an extracellular
polymeric matrix (EPS) and live in a coordinated manner. They cause challenging—to—treat chronic
infections or complications related to implantable medical devices, such as urinary catheters, due to
their increasing resistance to antibiotics. Recognising this critical issue in the medical field, traditional
biofilm study methods often fail to accurately replicate the natural conditions, such as fluid flow, that
play a crucial role in biofilm formation.

Recognising current limitations in biofilm study, a microfluidic chip, using off—stoichiometry
thiol-ene (OSTE) resin and cyclic olefin copolymer (COC) substrates, was created. The chip
consisted of five independent growth chambers, enabling the simultaneous growth of several species
of bacteria in one run under controlled fluid flow. The fabricated microfluidic chip is compatible with
standard laboratory workflows, enabling real-time analysis and offering a user—friendly approach.

To further emphasize the benefits of the fabricated chip's capabilities to study biofilm, the
growth of Pseudomonas aeruginosa and Staphylococcus aureus was compared under static (24—well
plate) and dynamic conditions (microfluidic chip). Analysis using confocal laser scanning microscopy
revealed that under static conditions, biofilms were thicker, uneven with heterogeneous structures,
while under dynamic conditions, biofilms were more uniformly distributed and thinner. To
demonstrate the chip's capability for evaluating antibiotic efficacy, a treatment with ciprofloxacin at
5 ng/mL and different concentrations of tetracycline was performed, leading to significantly reduced
biofilm and viability. Additionally, polymicrobial biofilm, consisting of Escherichia coli and
Staphylococcus aureus, was cultivated under static and dynamic conditions. While polymicrobial
biofilm did not form under static conditions, it successfully grew under dynamic conditions. Apart
from that, to confirm the chip's capability to accurately mimic experimentally relevant fluid flow,
computational simulations of wall shear stress were performed.

These results highlight the microfluidic platform’s capabilities to advance biofilm research as

a cost—effective, scalable, and reliable tool in a clinical setting.
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Mikrofluidinés sistemos kiirimas, skirtos mikrobiniy biopléveliy auginimui ir tyrimui

kontroliuojamomis srauto sglygomis
SANTRAUKA

Bakterijy bioplévelés — tai mikroorganizmy grupés, apsuptos ekstralgstelinés polimerinés
matricos (EPS), kuriose bakterijos gyvena koordinuotai. Dél didéjancio bakterijy atsparumo
antibiotikams, jy suformuotos bioplévelés daznai sukelia sunkiai gydomas létines infekcijas arba
komplikacijas, susijusias su implantuojamais medicinos prietaisais, pavyzdZziui, §lapimo kateteriais.
D¢l Sios prieZasties, tiriant bakterines biopléveles, yra itin svarbu atkartoti nattiralias aplinkos salygas,
ko daznu atveju nepavyksta pasiekti naudojant tradicinius tyrimy metodus, pavyzdziui, skysciy
srautg, kuris yra vienas i$ svarbesniy aspekty bioplévelés formavimesi.

Atsizvelgiant ] dabartinius bakteriniy biopléveliy tyrimo trikumus, buvo sukurtas
mikrofluidinis lustas, kuriame buvo panaudoti nestechiometrinés tioleno dervos (OSTE) ir cikliniy
olefiny kopolimery (COC) substratai. Mikrofluidinj lusta sudaré¢ penkios nepriklausomos augimo
kameros, leidZianc¢ios vienu metu auginti keliy riiSiy bakterijas, esant kontroliuojamam skyscio
srautui. Taip pat, pagaminta mikrofluidiné sistema yra suderinama su standartiniais laboratoriniais
prietaisais, todél ja galima analizuoti realiu laiku ir ji yra patogi vartotojui.

Siekiant jrodyti pagamintos mikrofluidinés sistemos privalumus tiriant biopléveles,
Pseudomonas aeruginosa ir Staphylococcus aureus (S. aureus) bakterijy augimas buvo lyginamas
statinémis (24 Sulinéliy 1€kstel¢je) ir dinaminémis salygomis (mikrofluidingje sistemoje). Lazerine,
skenuojancio konfokalinio mikroskopo analizé parod¢, kad Sulinéliuose bioplévelés buvo storesnés,
nelygios ir nevienalytés struktiiros, o dinaminémis salygomis bioplévelés buvo tolygiau
pasiskirs€iusios ir plonesnés. Siekiant jvertinti lusto patikimumg tiriant antibiotiky veiksminguma,
bioplévelés buvo paveiktos su 5 pg/ml ciprofloksacino ir skirtingomis koncentracijomis tetraciklino,
po kuriy bioplévelés storis ir gyvybingumas reikSmingai sumaZzéjo. Taip pat buvo iStirtas
polimikrobinés bioplévelés augimas (Escherichia coli ir S. aureus) statinémis ir dinaminémis
salygomis. Statinémis sglygomis polimikrobiné bioplévelé nesusiformavo, taciau ji sékmingai augo
mikrofluidinéje sistemoje. Siekiant jvertinti mikrofluidinés sistemos galimybes tiksliai imituoti
eksperimentinj skysc¢io tekéjima, buvo atliktas sieneliy Slyties jtempiy kompiuterinis modeliavimas.

Sie rezultatai patvirtina mikrofluidinés platformos pritaikomumga klinikinéje aplinkoje kaip

ekonomiskai efektyvaus ir patikimo jrankio bakterinés bioplévelés tyrimams.
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SUPPLEMENTARY
In this work, artificial intelligence tools, such as grammarly.com, were used to edit and improve

text fluency.
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